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ABSTRACT: Phosphatidylserine (PS) embedded within supported lipid
bilayers was found to bind Cu2+ from solution with extraordinarily high
affinity. In fact, the equilibrium dissociation constant was in the
femtomolar range. The resulting complex formed in a 1:2 Cu2+-to-PS
ratio and quenches a broad spectrum of lipid-bound fluorophores in a
reversible and pH-dependent fashion. At acidic pH values, the
fluorophores were almost completely unquenched, while at basic pH
values significant quenching (85−90%) was observed. The pH at which
the transition occurred was dependent on the PS concentration and
ranged from approximately pH 5 to 8. The quenching kinetics was slow at low Cu2+ concentrations and basic pH values (up to
several hours), while the unquenching reaction was orders of magnitude more rapid upon lowering the pH. This was consistent
with diffusion-limited complex formation at basic pH but rapid dissociation under acidic conditions. The tight binding of Cu2+ to
PS may have physiological consequences under certain circumstances.

■ INTRODUCTION
Phosphatidylserine (PS) lipids are found in a wide variety of
cell types but are typically only present in moderate abundance.
In eukaryotic systems, they account for approximately 5−10
mol % of phospholipid content.1 Moreover, PS is unevenly
distributed within cells. For example, it is enriched in the inner
leaflet of the plasma membrane and depleted in the outer
leaflet.1,2 It is essentially absent in mitochondrial membranes.1,3

A number of proteins interact specifically with PS, and it is an
important signaling molecule in clotting, apoptosis, and
embryonic development.1,4−9 PS bears a negative charge at
physiological pH and is known to form complexes with metal
ions such as Ca2+, Mg2+, and Cu2+.10−12 These interactions are
assumed to be relatively weak with equilibrium dissociation
constants that have been generally measured in the millimolar
range for Ca2+. The presence of Ca2+ mediates a number of
protein−PS interactions, and therefore the Ca2+−PS interaction
has been relatively well studied.10,13−16 There have been far
fewer investigations of Cu2+−PS interactions, although it is
known that at millimolar concentrations Cu2+ forms a 1:2
complex with PS in solutions containing water, methanol, and
chloroform.12

Cu2+ is necessary for the proper activity of various enzymes,
but uncomplexed Cu2+ is toxic to cells.17,18 Indeed, in healthy
cells the total copper ion concentration is generally around 100
μM, but the free copper ion concentration is so low that on
average there is less than one free ion per cell.19 Thus, copper is
tightly regulated with copper chaperones responsible for the
delivery of copper ions to copper-binding enzymes, and the vast
majority of the copper delivery is in the form of Cu+.18,20

Excessive copper has been linked to Wilson’s disease, and a

number of medically relevant events are influenced by copper
ions, including the outcome of vascular injury and the onset of
prion disease.21,22 Cu2+ has also been proposed for use as an
anti-tumor agent.23

Using a fluorescence quenching assay, we report herein that
PS binds Cu2+ with an equilibrium dissociation constant that is
in the femtomolar range. The Cu2+−PS system forms a 1:2
metal ion to PS complex and is observed to quench a variety of
lipid-bound fluorophores, as illustrated schematically in Figure
1. Fluorescence quenching takes place at basic pH values, and
unquenching occurs under acidic conditions. The very tight 1:2
Cu2+−PS complex has a number of implications for biological
processes. For example, the PS-enriched inner plasma
membrane may serve as a Cu2+ scavenger or as a location for
copper-dependent reactions at high environmental Cu2+ levels.

■ EXPERIMENTAL SECTION
Vesicle Preparation. Phospholipid vesicles were prepared using

the freeze−thaw/extrusion method.24,25 Lipids were mixed in
chloroform at the desired ratio, and then the chloroform was
evaporated in a stream of N2 gas. The dried lipids were put under
vacuum for at least 4 h to remove any remaining solvent. The lipid
mixture was rehydrated with Tris buffer (100 mM NaCl, 10 mM
tris(hydroxymethyl)aminomethane, pH 7.4), subjected to 10 freeze−
thaw cycles in liquid nitrogen and warm water, and then extruded
through a track-etched polycarbonate membrane with 100 nm pores
(Whatman, Florham Park, NJ). The vesicles were diluted to 1 mg/mL
with Tris buffer and stored at 4 °C until use. The average size of the
vesicles was found to be 100 ± 20 nm by dynamic light scattering
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(90Plus Particle Size Analyzer, Brookhaven Instrument Corp.,
Holtsville, NY).
Glass Cleaning. Glass coverslips (Corning, Inc., Corning, NY, 24

× 40 mm No. 1.5) were cleaned by boiling in a 1:5 solution of 7X (MP
Biomedicals, Solon, OH) and purified water. The slides were
extensively rinsed with 18 MΩ water (Barnstead Nanopure water
purification system, Thermo Scientific), blown dry with filtered air,
and annealed at 530 °C for 5 h.26

Microfluidic Fabrication. Microfluidic devices were fabricated
from polydimethylsiloxane (PDMS, Sylgard 184, Dow Corning,
Midland, MI) and clean glass coverslips using previously reported
procedures (Figure S1).26 Briefly, HF etching was performed on a
glass plate protected by photolithographically patterned photoresist
(Microposit S1813, Shipley Corp., Marlborough, MA) to form a
master. PDMS was mixed in a 10 part base to 1 part polymerizer mass
ratio, degassed under vacuum for 1 h, poured over the master, and
baked at 100 °C for 2 h. Access holes were punched with a polished
needle. The devices were assembled by pressing together an oxygen
plasma-cleaned PDMS body and an oxygen plasma-cleaned glass
coverslip and heating to 100 °C for 1 min.
Bilayer Formation. SLBs were formed via the vesicle fusion

method.27−29 Fourteen microliters of vesicle solution was injected via a
pipet into each channel of a freshly prepared microfluidic device. In all
runs, the largest lipid component of the vesicles was 1-palmitoyl-2-
oleoyl-sn-glyero-3-phosphocholine (POPC, Avanti Polar Lipids,
Alabaster, AL). A fluorescent lipid was also present, typically Texas
Red 1,2-dihexadecanoyl-sn-glycero-3-phosphoethanolamine (TR-
DHPE, Invitrogen, Carlsbad, CA) at either 0.1 or 1.0 mol % along
with 0−30 mol % PS. 1,2-Dioleoyl-sn-glycero-3-phospho-L-serine
(DOPS, Avanti Polar Lipids) was the PS species used in all
experiments unless otherwise noted. The vesicles spontaneously
fused to the cleaned glass slides to form continuous SLBs. After a
30 min incubation time, the channels were rinsed by gravity driven
buffer flow for 1 h to remove any remaining vesicles, and experiments
were subsequently commenced.
Microfluidic Procedure. A flow splitter was used to change the

buffer and sequester any bubbles introduced during buffer exchanges
before they could reach the microfluidic device. The flow splitter
consisted of a small (<1 mL) solution chamber in a PDMS slab sealed
between two glass slides with 4−9 tubes (0.6 mm internal diameter
Teflon tubing, SPC Technology) coming from it (Figure S2). The
total number of tubes determined the total number of fluidic channels
that could be employed. A buffer supply tube brought buffer from a
reservoir to the device, and a drain tube flowed to a waste container
during buffer exchange. Up to seven supply tubes provided buffer to
the individual microfluidic channels of the PDMS/glass platform. Flow
through the device was gravity driven with an average flow rate on the
order of 200 μL/h in each microfluidic channel. The total buffer
consumption rates were on the order of 10 mL/h when the buffer was
being exchanged. The consumed buffer drained to a waste container

during buffer exchanges. Tris, phosphate, and citrate buffers were
tested to ensure the independence of the observed quenching reaction
by specific buffers. Similar behavior was observed with each buffer.

For the flow cell experiments shown in this work, a universal buffer
consisting of a 2:1:2 molar ratio of sodium citrate:2-(N-morpholino)-
ethanesulfonic acid (MES):Tris was used.30 The buffer was adjusted to
the desired pH value with NaOH and HCl. Most buffers were run at 1
mM total buffer concentration with only trace amounts of CuSO4 and
no other salts present. Buffers with 100 mM NaCl along with the
buffering agents were also tested and found to behave identically to
those with no salt. CuSO4 and CuCl2 salts were both tested as sources
of Cu2+, and no difference was observed in the quenching reaction.
Buffer was constantly flowed through the channels during all
experiments. When the buffer reservoir solution was exchanged,
there was a lag time of a few minutes before the fluorescence
intensities inside the microchannels began to change. This was due to
the dead volume in the tubing between the flow splitter and the
microfluidic device. For this reason the length of the tubing between
the splitter and the device was kept relatively short (∼5 cm). The
fluorescence of the channels was intermittently observed until
equilibrium was reached. When low CuSO4 concentrations were
employed (picomolar and below), several hours were required for
equilibrium to be established.

Vesicle Titration Measurements. Fluorescence measurements at
constant Cu2+ concentrations were recorded in a QE 65000-FL
scientific grade spectrometer with a DH-2000 deuterium tungsten
halogen light source (Ocean Optics, Dunedin, FL). The lipid mixture
with 1 mol % TR-DHPE and 15 mol % DOPS in POPC was mixed in
chloroform and dried with flowing N2 and vacuum. It was then
rehydrated with Tris/NaCl buffer (10 mM Tris, 100 mM NaCl, pH
7.4) containing serial concentrations of CuSO4 ranging from 0 to 43
μM. This was followed by 10 freeze−thaw cycles in liquid nitrogen and
warm water. Finally, the vesicles were extruded through a track-etched
polycarbonate membrane with 100 nm pores (Whatman), this should
distribute the CuSO4 both inside and outside the vesicles, which is
important to ensure that fluorophores on both leaflets can be accessed
by Cu2+. Fluorescence measurements were performed with 1.5 mL
aliquots of these 100 nm vesicle solutions at 0.17 mg/mL.

■ RESULTS

Cu2+−PS Binding in Flowing Buffer inside Microfluidic
Channels. In a first set of experiments, fluorescence imaging of
supported lipid bilayers (SLBs) was performed in two parallel
microfluidic channels. The bilayers contained 0.1 mol % TR-
DHPE and were interrogated at pH 3.6 and 8.0 in the presence
and absence of 800 pM CuSO4 (Figure 2). The left channel of
each channel pair contained no PS, while the right channel had
20 mol % PS in the bilayer. As can be seen, the fluorescence
intensity was uniform under most conditions. However, in the
presence of both PS and Cu2+, the fluorescent response of the
TR-DHPE was quenched by a factor of 5 under basic
conditions. If any one of the three necessary components
(PS, Cu2+, and basic pH) for quenching was missing, very little
or no quenching was observed. As will be explored below, the
quenching was the result of Cu2+−PS complex formation, as
illustrated in Figure 1. The complex localized Cu2+ near the
bilayer surface, which in turn quenched the fluorophore.
To explore the pH response of this process, the pH of the

buffer flowing over the SLBs was varied between pH 3 and 10
with 800 pM CuSO4, and the DOPS concentration in the SLBs
was varied from 0 to 30 mol % (Figure 3A). Each data set was
normalized to its own maximum intensity over the pH range to
better illustrate the pH at which the fluorescence began to be
quenched at a given amount of DOPS. The midpoint of the
titration curve occurred near pH 5.5 when 30 mol % DOPS was
present. This titration point shifted to higher pH and became

Figure 1. The PS-mediated Cu2+ quenching reaction. At basic pH
values, Cu2+ binds to two PS molecules and quenches nearby
fluorophores (red to black in the diagram). The reaction can be
reversed by lowering the pH.
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much less pronounced as the concentration of DOPS was
lowered. Also, at a given pH, increasing the amount of PS in the
SLB increased the quenching that occurred.

The dye employed in these experiments, TR-DHPE,
consisted of ortho and para isomers. The ortho dye, which is
usually no more than a quarter of the mixture, is reversibly
quenched at basic pH values.31 This fact accounts for the small
decrease in fluorescent signal observed at pH 10.5 even in the
absence of any DOPS in the membrane. Moreover, it should be
noted that dequenching occurred above pH 11. This is due to
the formation of a copper hydroxide complex, most likely
[Cu(OH)4]

2−.32

Stern−Volmer plots of the data in Figure 3A show nearly
linear dependence as the DOPS concentration was increased
until at least 20 mol % DOPS (Figure 3B). Fo was the
fluorescence intensity when no quencher was added, and F was
the observed fluorescence intensity at the indicated quencher
concentration. In this and subsequent figures, the error bars
represent the standard deviation of multiple measurements.
The fluorescence increase became somewhat nonlinear above
20 mol % DOPS at pH 9.0. This may be because essentially all
of the TR-DHPE molecules could already be quenched with
just 20 mol % DOPS. The quenching constant (slope of the
line) increased with increasing pH, but even at relatively acidic
pH values there was modest quenching of the TR-DHPE. Of
course, the degree of quenching can also be seen to diminish as
the DOPS concentration was lowered, which is consistent with
a greater average distance between Cu2+−PS complexes and
TR-DHPE molecules under these conditions. Control experi-
ments using UV−visible spectroscopy demonstrated that
quenching occurred under conditions where the adsorption
of the fluorophore neither shifted nor attenuated (Figure S3).
As such, a dynamic rather than a static quenching mechanism
should be involved.33,34

The above quenching behavior stands in stark contrast to
that observed when the experiments were repeated as a
function of CuSO4 concentration at pH 8 and 20 mol % DOPS
(Figure 4). In that case, the quenching was nearly unchanged

over 7 orders of magnitude in bulk Cu2+ concentration. This
unusual behavior underlines the fact that, while Cu2+ is
necessary for quenching, it is Cu2+ in the form of a Cu2+−PS
complex. As can be seen, DOPS concentrations of 1 mol % or
greater were required to observe substantial quenching (Figure
3a), while very low concentrations of Cu2+ were sufficient to
observe quenching. The requirement for higher DOPS

Figure 2. (A) Fluorescence images and (B) line scans from
microfluidic devices when no DOPS (left channel) and 20 mol %
DOPS (right channel) was present in SLBs along with 0.1 mol % TR-
DHPE. The fluorescence is shown in the presence and absence of 800
pM CuSO4 at both pH 3.6 and 8.0 with 1 mM citrate/MES/Tris
buffer. The increased fluorescence intensity observed on the sides of
the channels in the line scans with the 20 mol % DOPS channel is an
edge effect from where the glass floor of the microchannels met the
PDMS walls.31

Figure 3. Cu2+−PS quenching response as a function of pH and PS
concentration. (A) Fluorescence intensity as a function of pH. (B)
Stern−Volmer plot of the data at pH 3.6, 6.9, and 9.0. Both plots are
for SLBs consisting of 1.0 mol % TR-DHPE and 0−30 mol % DOPS
in POPC with a 1 mM citrate/MES/Tris buffer and 800 pM Cu2+.

Figure 4. Quenching response as a function of Cu2+ concentration.
The fraction of dye that was quenched (1 minus the normalized
intensity) is shown as a function of Cu2+ concentration. The SLBs
consisted of 0.1 mol % TR-DHPE and 20 mol % DOPS in POPC. The
buffer consisted of 1 mM citrate/MES/Tris at pH 8.0, and the data
were normalized versus the fluorescence response from 1 mM citrate/
MES/Tris buffer at pH 3.6.
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concentrations was likely a consequence of the change in the
average distance between Cu2+ and the fluorophore as the PS
concentration was modulated. On the other hand, the need for
only trace Cu2+ was evidence for an extremely tight Cu2+−
DOPS complex (Figure 4).
The quenching measurements were made at 10-fold CuSO4

concentration increments in the low concentration regime. As
can be seen, the data points with 0.1, 1.0, 10, and 100 fM
CuSO4 had larger error bars than were obtained at higher
concentrations. These lowest concentration measurements
reached equilibrium within ∼15 h, and the quenching was
completely reversible upon lowering the pH to 3.6. It should be
noted, however, that trace Cu2+ contamination may exist even
in purified water or buffer salts. ICP-MS was used to verify the
purity of these solutions, but the instrument had a detection
limit of 10 fM (see Supporting Information, Table S1). As such,
the total Cu2+ concentration (added CuSO4 plus background)
was less certain and may fluctuate under the lowest
concentration conditions. It can be stated with high confidence
that the TR-DHPE was largely quenched when the Cu2+

concentration was in the mid-picomolar range. Moreover, the
signal dequenched monotonically as ever smaller Cu2+

concentrations were introduced, in the femtomolar range. As
such, the equilibrium dissociation constant should be in the
femtomolar range, although an exact value was difficult to
determine with certainty (Figure S4).
Results at Fixed Total Cu2+ Concentrations. In the

microfluidic experiments discussed above, a continual flow of
buffer above the SLBs ensured that a constant Cu2+

concentration was maintained in the bulk solution even as
Cu2+ bound to the DOPS lipids. In the next set of experiments,
measurements were performed with bulk vesicle solutions in
cuvettes to determine the quenching behavior as the DOPS was
titrated with a fixed amount of Cu2+ (Figure 5). In these

experiments, the added Cu2+ was consumed to form Cu2+−
DOPS complexes, and thus the fluorescence response
decreased as a function of time before leveling off. The data
were obtained at multiple CuSO4 concentrations in well-mixed
solutions.
CuSO4 solution was added to aqueous solutions containing

100 nm vesicles with 15 mol % DOPS and 1 mol % TR-DHPE
at pH 7.4. The total lipid concentration was 0.17 mg/mL;

hence, the DOPS concentration was approximately 33 μM.
Monitoring the extent to which the fluorescence was ultimately
quenched as a function of CuSO4 concentration produced a
nearly linear rise in the Stern−Volmer plot at lower Cu2+

concentrations before reaching a plateau as the concentration
was further increased (Figure 5). The crossover between these
regimes occurred at about 16 μM CuSO4. This concentration
represented a Cu2+-to-PS ratio of approximately 1:2. In
addition to the Stern−Volmer data, a Job’s plot analysis
confirmed the 1:2 ratio (Figure S5).
The formation of a 1:2 complex is in good agreement with

previous spectroscopic and titration data with PS lipid and
small-molecule systems.12,35,36 For example, a 1:2 complex has
been shown to be formed between Cu2+ and O-phospho-L-
serine and in bulk aqueous solutions at basic pH values.36 EPR
data from that system matched similar data taken with 15 mol
% DOPS in POPC vesicles with a saturation concentration of
CuSO4 (Figure S6). Analogous CuL2 complexes with amino
acids have also been reported.37 As such, the Cu2+−PS binding
likely involves the amine and carboxylic acid groups of two PS
molecules and results in the deprotonation of the amine.
Indeed, the dequenching observed in Figure 3A does not
simply correlate with previously reported pKa values of PS.

38 It
should also be noted that, in previous studies, the Cu2+−PS
complex was studied at micromolar or millimolar concen-
trations of Cu2+. Such high Cu2+ concentrations often gave rise
to double bond oxidation when unsaturated lipids were
employed.35,39

pH-Driven Reversibility of the Quenching Process. In
a next set of experiments, the reversibility of the 1:2 Cu2+−
DOPS complex in SLBs was explored as a function of pH in
microfluidic channels with continuous buffer flow. Figure 6A
shows the response of four different DOPS concentrations
ranging from 0 to 20 mol % in POPC bilayers with 0.1 mol %

Figure 5. Stern−Volmer plot of a Cu2+ titration of POPC vesicle
solutions containing 15 mol % DOPS and 1 mol % TR-DHPE. Ten
mM Tris buffer containing 100 mM NaCl at pH 7.4 was used, and the
indicated amount of CuSO4 was added during vesicle extrusion.

Figure 6. (A) Fluorescence intensity of 0, 5, 10, and 20 mol % PS as
the pH was alternated between pH 5.1 (orange background) and 7.9
(blue background) in 1 mM citrate/MES/Tris with 50 nM Cu2+. (B)
Experiments in which different concentrations of CuSO4 solution were
tested at pH 3.6 (pink background) and 8.0 (blue background) with
50 pM, 50 nM, and 50 μM levels of CuSO4. The SLBs consisted of 0.1
mol % TR-DHPE in POPC at the labeled DOPS concentration. The
buffer was 1 mM citrate/MES/Tris.
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TR-DHPE as the pH was varied in buffers that contained 50
nM CuSO4. The fluorescence was initially low after rinsing at
pH 7.9 for bilayers containing PS. The intensity rose when the
pH was reduced to 5.1. It could then be raised and lowered
reversibly by modulating the pH of the bulk solution. The
fluorescence intensity of each channel was normalized to its
own maximum value to facilitate comparisons among the
various DOPS concentrations. The quenching was highly stable
and reproducible. The light exposure was kept sufficiently low
such that photobleaching was relatively minor in these
experiments.
As can be seen, the fluorescence quenching rate was much

slower than the dequenching process, which typically took only
a few minutes. Such results are consistent with the notion that
the Cu2+−DOPS complex formation rate is slow and probably
limited by a PS diffusion process required for the one-ion, two-
lipid complex to form. On the other hand, when the pH was
lowered, the complex quickly broke up, as the protonation of
the negatively charged DOPS molecules was rapid. The rate of
dequenching upon acidification was limited by the rate at which
the pH of the buffer solution could be changed within the
microfluidic device. To further investigate the complex
formation process, pH jump experiments were performed as
a function of CuSO4 concentration (Figure 6B). As can be seen,
the formation rate was significantly attenuated at the lowest
Cu2+ concentration. Indeed, the quenching took approximately
2 h to come to completion when only 50 pM CuSO4 was
employed. By contrast, the unquenching reaction was
essentially independent of Cu2+ concentration. Again, the finite
time it took to measure unquenching was related to the time it
took to replace the buffer in the channels.
It should be noted that, at 50 μM CuSO4, some quenching

was observed even when PS was absent (Figure 6B, blue data
points). This most likely occurred because Cu2+concentrations
in the micromolar range were sufficiently high to result in some
direct fluorophore−ion interactions without the need for the
mediation of the Cu2+−DOPS complex. Another possible
source of fluorophore quenching may be the Cu2+-catalyzed
generation of reactive oxygen species.40 This should result in
permanent quenching independent of pH or Cu2+ concen-
tration. Indeed, some permanent quenching was observed when
the CuSO4 concentration was raised to micromolar or
millimolar levels, and the degree of irreversible quenching
was observed to increase with time. However, below 1 μM
Cu2+, only reversible quenching and a very small amount of
photobleaching were observed.
Quenching by Other Divalent Metal Ions. In a

penultimate set of experiments, we wished to explore the
specificity of the quenching process to the identity of the
cation. Heavy metal ion quenching of fluorophores is a
common phenomenon, and thus other divalent cations as
well as Ag+ were tested for their ability to bind PS and quench
the TR-DHPE fluorophore. The results of these experiments
are shown in Figure 7, where 2.4 μM of each metal ion was
added to solutions of vesicles containing 1 mol % TR-DHPE,
15 mol % DOPS, and 84 mol % POPC, and the resulting
quenching was monitored. In all cases, the metal ion was added
as a chloride salt, except for Ag+, which was added as a nitrate
salt. As can be seen, Cu2+ was the strongest quencher tested,
although Ni2+ showed some quenching ability. It should be
noted, however, that quenching by Ni2+ only occurred at high
ion concentrations compared with Cu2+.

In additional microfluidic experiments, it was found that
when 50 μM Ca2+ or Cd2+ was introduced after 950 pM Cu2+,
the fluorescence intensity was observed to increase slightly,
perhaps because these ions were able to displace some Cu2+

already bound to the PS. Thus, it would appear that an ion has
to meet two criteria to induce PS-mediated quenching. First,
the ion has to form a complex with PS, as does Cu2+, and to a
lesser extent Ni2+, Cd2+, and Ca2+. Second, the ion has to
quench the fluorophore, as do Cu2+, Ni2+, Sr2+, and Co2+.34

Since only Cu2+ and Ni2+ fulfill both criteria, they are the only
two ions tested that generated appreciable PS-mediated
quenching. It should be noted that Fe3+ was also tested, but
it was found to only moderately quench TR-DHPE, regardless
of the presence or absence of PS under acidic or basic
conditions. This modest quenching was presumably due to
direct ion−fluorophore interactions (see Figure S7 for control
experiments of direct ion−fluorophore quenching, which was
generally found to occur at millimolar salt concentrations).

Other Fluorophores and PS Molecules. Finally, to
ensure that quenching was specific to PS and general to a wide
number of fluorophores, various negatively charged lipids and
fluorophores were tested for pH-dependent quenching (see
Table S2 for a summary of the fluorophores and lipids tested).
All PS lipids tested (DLPS, DOPS, and DPPS) quenched lipid-
conjugated fluorophores in the presence of Cu2+, but no other
negatively charged lipids tested (PG, PA, GM1, and
cardiolipin) produced any significant quenching. Moreover,
the quenching kinetics of DPPS was tested and found to be
identical to that of DOPS within experimental error (Figure
S8).
Fluorescence quenching was also monitored in the presence

of DOPS and 800 pM Cu2+ for 1 mol % 16:12 tail group-
labeled NBD PC, 16:12 tail group-labeled NBD PS, 1 mol %
18:1 headgroup-labeled NBD PS, 1 mol % rhodamine-DHPE, 2
mol % fluorescein-DHPE, and 0.5 mol % bodipy-DHPE, as well
as at TR-DHPE concentrations from 0.1 to 5 mol % (complete
names of fluorophores provided in Supporting Information,
Table S2). DOPS concentrations of 0, 5, and 15 mol % were
employed. All systems tested showed the same quenching
phenomenon. Moreover, the normalized Cu2+−PS quenching
from 1.0 mol % TR-DHPE was found to be essentially identical
with 0.1 mol %, as was the quenching of headgroup-labeled
lipids and tail-labeled lipids. By contrast, fluorophores attached
to membrane-bound proteins showed no Cu2+−PS quenching
(Figure S9), presumably because the fluorophore was too
distant from the Cu2+−PS complex for quenching to occur.
Even a rhodamine-labeled bactenecin derivative (Rh-

Figure 7. Quenching of TR-DHPE with various divalent metal
chlorides and AgNO3. The experiments were performed at pH 7.4
with 1 mM Tris and 100 mM NaCl.
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AAARRWKIVVIRWRR, a membrane-associated anti-microbial
peptide, where the initial three alanines are β-alanine and the
C-terminus is amidated) showed almost no Cu2+−PS
quenching, despite its small size and known ability to partition
into lipid bilayers.41 Thus, Cu2+−PS quenching is highly
specific to lipid-conjugated fluorophores, which presumably
have the appropriate in-plane geometry with the Cu2+−PS
complex to afford quenching.

■ DISCUSSION

The very tight 1:2 Cu2+−PS complex observed in this work
may have a number of biological implications. Given the
concentrations of PS (variable, but generally micromolar to low
millimolar)1 and Cu+/Cu2+ (also variable, but ∼100 μM is
often noted in the literature)19 found in cells and the tight
binding observed in this work, it seems reasonable that, at least
under some conditions, Cu2+ could exist in 1:2 Cu2+−PS
complexes in vivo. The distributions of both copper and PS in
various cell and tissue types are often seen to roughly track one
another, both being present in relatively high concentrations,
for example, in human brain tissue.42,43 Thus, increased PS may
serve to complex and neutralize otherwise reactive Cu2+ in
tissues that experience high Cu2+ concentrations. This
complexation ability may be particularly important in mitigating
copper poisoning. Alternatively, PS may attract Cu2+ to tissues
that require greater quantities of Cu2+, although this seems less
likely as Cu+ should be the dominant species involved in copper
ion transport.18 The 1:2 Cu2+−PS complex may also provide
insight into observations that copper ions and PS both play
roles in many biological processes, such as fibril formation in
neurodegenerative diseases and wound healing.21,22

As noted above, PS is known to bind a number of different
metal ions. Ca2+−PS interactions have been the most
extensively studied. These interactions are generally believed
to involve high micromolar to low millimolar range equilibrium
dissociation constants.10−12 This interaction mediates a number
of different protein−PS interactions, specifically the membrane
binding of C2 domain proteins, annexin proteins, and γ-
carboxyglutamic acid domain proteins such as prothrombin.
Thus, it seems reasonable that the observed 1:2 Cu2+−PS
complex might also be involved (interfere or aid) in PS−
protein interactions, even in the presence of trace Cu2+

concentrations.
In addition to other roles, Cu2+ may also be involved in

oxidation reactions. However, the quenching of fluorophores
observed in the present experiments was almost perfectly
reversible, as illustrated by Figure 6. As oxidation is largely
observed at relatively high Cu2+ concentrations, it may be
possible that, at trace Cu2+ concentrations, 1:2 Cu2+−PS
complexes help to mitigate Cu2+-mediated oxidation. On the
other hand, at higher Cu2+ concentrations, the complex should
become saturated, and excess Cu2+ may mediate oxidation. This
is at least consistent with the present studies in which the
employment of Cu2+ in the micromolar regime in a microfluidic
setup at neutral or basic pH, irreversibly quenched the
fluorophores (Figure 6B). It should be noted, however, that
the high Cu2+ concentrations required to saturate the 1:2
Cu2+−PS complexes are well outside the normal physiological
range for common cells and tissues.
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